
R

M

A
a

b

C

a

A
R
A
A

r
e

0
d

Coordination Chemistry Reviews 255 (2011) 1159–1178

Contents lists available at ScienceDirect

Coordination Chemistry Reviews

journa l homepage: www.e lsev ier .com/ locate /ccr

eview

olybdenum enzymes in bacteria and their maturation

xel Magalona,∗, Justin G. Fedorb, Anne Walburgera, Joel H. Weinerb,∗

Laboratoire de Chimie Bactérienne, Institut de Microbiologie de la Méditerranée, Centre National de la Recherche Scientifique, Marseille, France
Department of Biochemistry, School of Molecular and Systems Medicine, Faculty of Medicine and Dentistry, University of Alberta, Edmonton, Alberta, Canada

ontents

1. Scope of the review . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1160
2. Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1160

2.1. Molybdenum and tungsten in prokaryotes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1160
2.2. The choice of molybdenum versus tungsten . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1160
2.3. The structure of the molybdenum cofactor . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1161

3. The four families of prokaryotic molybdoenzymes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1161
3.1. Family I molybdoenzymes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1161
3.2. Family II molybdoenzymes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1161

3.2.1. Xanthine dehydrogenase from Rhodobacter capsulatus . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1161
3.3. Family III molybdoenzymes: the dimethyl sulfoxide reductase family (Fig. 2C) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1164

3.3.1. Family III enzymes with only a Mo-bisPGD cofactor . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1164
3.3.2. Family III enzymes with Mo-bisPGD and an [Fe–S] cluster . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1164
3.3.3. The complex iron-sulfur molybdoenzyme (CISM) group . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1165

3.4. Family IV molybdoenzymes: the prokaryotic sulfite oxidase family (Fig. 2B) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1168
4. Regulation of bacterial molybdoenzyme expression . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1168

4.1. ModE, the molybdenum sensor . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1168
4.2. Global regulation by FNR (fumarate nitrate regulation) and ArcA . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1168
4.3. Response to nitrate and nitrite (NarXL and NarPQ) . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1169
4.4. TorCAD regulation . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1169
4.5. The riboswitch . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1169

5. The catalytic mechanism of molybdoenzymes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1169
6. The role of molybdoenzymes in bioenergetics . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1170
7. Maturation of molybdoenzymes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1170

7.1. Maturation of the Family III enzymes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1171
7.1.1. The CISM group . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1171
7.1.2. Family III enzymes with only a Mo-bisPGD cofactor: the archetypal TorA-TorD couple . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1174

7.2. Maturation of Family II enzymes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1175
8. Future perspectives . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1175

Acknowledgements . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1176
References . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1176
r t i c l e i n f o

rticle history:
eceived 24 September 2010
ccepted 19 December 2010
vailable online 11 January 2011

a b s t r a c t

Molybdenum pterin cofactor-containing enzymes exist in all domains of life and their importance is
exemplified by their ubiquity, their roles in metabolic diversity and global geochemical cycles. In the
prokaryotic enzymes the pterin cofactor coordinating the molybdenum/tungsten center exhibits a diver-
sity of structure that facilitates a range of redox chemistry and reactivity. These enzymes fall into four

Abbreviations: AOR, aldehyde oxidoreductase; CISM, complex iron sulfur molybdoenzymes; EPR, electron paramagnetic resonance spectroscopy; ETR, electron transfer
elay; Mo-bisPGD, Mo-bis(pyranopterin guanine dinucleotide); Moco, molybdenum pterin cofactor; Mo-PCD, Mo-pyranopterin cytosine dinucleotide; SUOX, sulfite oxidase
nzymes; TMS, transmembrane segments; W-bisPPT, W-bis(pyranopterin); XDH, xanthine dehydrogenase; XOR, xanthine oxidoreductase.
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families based on the cofactor sub-type. Family I is an archaeal family which binds a W-bis(pyranopterin)
cofactor and a single [4Fe–4S] cluster. Family II binds either a Mo-pyranopterin or Mo-pyranopterin cyto-
sine dinucleotide. Family II molybdoenzymes often form complexes that include subunits that bind FAD
as well as [2Fe–2S] clusters. The diverse Family III enzymes (the dimethyl sulfoxide reductase family) bind
a Mo-bis(pyranopterin guanine dinucleotide) cofactor, form transient or stable complexes with [Fe–S]-
containing electron transfer subunits as well as soluble and membrane anchor cytochromes. Family IV
enzymes bind a Mo-pyranopterin cofactor and interact with a membrane-bound cytochrome. Expres-
sion of prokaryotic molybdoenzymes is controlled by transport of Mo into the cell, cofactor biosynthesis,
transcriptional regulation of apo-protein expression and riboswitch mechanisms. The biosynthesis of
prokaryotic molybdoenzymes is an intricate process, requiring the synthesis of various subunits in the
cytoplasm, incorporation of the metal and pterin cofactors, subunit complexation, correct subcellular tar-
geting/transport and in many cases anchoring of the complex to the inner membrane. A series of devoted
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molybdoenzyme maturat

. Scope of the review

Prokaryotic molybdenum (Mo)-containing enzymes play criti-
al roles in metabolism, agriculture, global geochemical cycles, and
ealth [1]. These enzymes primarily catalyze oxo-transfer reactions

or the metabolism or catabolism of nitrogen, sulfur and carbon
ompounds. The majority of such enzymes contain variations of
he pterin-molybdenum cofactor (Moco) although an important
ubset of these are able to bind tungsten (W) as an alternative
o molybdenum [2]. Recent advances in the fields of structural
iology, cell biology, and bioinformatics have enabled an emerg-

ng understanding of the structure and function of these enzymes.
his review focuses on the four families of prokaryotic molyb-
oenzymes. We first summarize the roles of molybdoenzymes

n bacterial metabolic diversity emphasizing recent advances of
acterial molybdoenzyme structure, function and expression. We
hen review the various processes bacterial molybdoenzymes must
ndergo for formation of an active and correctly located com-
lex and the role of system-specific chaperones. We also identify
nanswered questions and future directions for bacterial molyb-
oenzyme research.

. Introduction

.1. Molybdenum and tungsten in prokaryotes

Although only a minor constituent of the Earth’s crust, Mo is
eadily available due to its presence as a trace element in aquatic
nvironments (as molybdate, MoO4

2−). Prokaryotic species that do
ot require Mo use W (as tungstate, WO4

2−) [3]. The utility of Mo
or W) is based on its incorporation into the organometallic cofactor
hat serves as a scaffold to bind Mo (or W) and allows the metal to
atalytically cycle through the IV, V, and VI oxidation states. Impor-
antly, this enables these enzymes to connect the two electron

oco-catalyzed reaction to an additional active site via an electron
ransfer relay (ETR) able to sequentially transfer single electrons to
he distal second site. Examples of this include enzymes that oxi-
ize formate and reduce quinone and those that oxidize quinol and
educe nitrate [1,4–6].

.2. The choice of molybdenum versus tungsten

Why did evolution select Mo and W as the metal component of
he pterin cofactor? In oxic aqueous systems, these metals exist in

he form of their tetrahedral MoO4

2− or WO4
2− oxyanions, and

re therefore easily mobilizable into enzyme systems with the
mportant caveat that they must be distinguished during enzyme

aturation to ensure proper redox function and therefore cataly-
is. The rationale for the existence of both Mo and W-containing
roteins are crucial in various stages of enzyme maturation.
© 2011 Elsevier B.V. All rights reserved.

enzymes is based on the evolution of life on earth and the impact
of this life on its biosphere [1,7]. Prior to approximately 2.3 billion
years ago the earth’s biosphere was essentially anoxic, high in sul-
fur, and highly reducing. Mo and W have broadly equivalent natural
abundance in the earth’s crust at about 1.2 ppm, but sulfides of W
are soluble in water whereas those of Mo are not [8]. As a result, W
would have been bioavailable in the primordial earth’s biosphere
whereas Mo would not [9]. Following the evolution of biological
water oxidation [10], photosynthetic organisms caused a dramatic
increase in ambient redox potential that paralleled the increase
in atmospheric oxygen, and this resulted in the appearance and
bioavailability of Mo in the form of MoO4

2−. As a consequence, the
bioavailability of the two elements were reversed, with Mo being
present at a concentration in sea water at 100 times that of W [11]. It
is interesting to note that the processes that rendered Mo bioavail-
able had the opposite effect on iron bioavailability, with increasing
oxygen concentrations oxidizing iron(II) to iron(III) oxyhydroxides
which are essentially insoluble [12,13].

Both elements are able to assemble into mononuclear molyb-
doenzymes in an essentially identical manner. This presents a
critical biological problem, because redox reactions catalyzed by
W typically occur at much lower potentials than those catalyzed
by Mo, and the active sites of the enzymes have evolved to modu-
late the redox properties of their cognate metal ion. Thus, assembly
of W in place of Mo in a bona fide molybdoenzyme would elicit
dramatic changes in catalytic efficacy. This has been demonstrated
using W-substituted dimethyl sulfoxide reductase from Rhodobac-
ter capsulatus in which the (V/VI) and (IV/V) redox potentials
were decreased by −220 and −334 mV, respectively [14]. The W-
substituted enzyme is able to catalyze dimethyl sulfoxide reduction
(the forward reaction), but cannot catalyze dimethylsulfide oxida-
tion (the backward reaction) [14]. In E. coli trimethylamine-N-oxide
reductase, substitution with W also results in retention of catalysis
in the forward direction while considerably perturbing its substrate
specificity [15]. In the case of sulfite oxidase, W substitution results
in completely inactive enzyme [16]. In the aldehyde:ferredoxin
oxidoreductase of Pyrococcus furiosus, substitution of Mo for W
results in enzyme unable to catalyze aldehyde oxidation [17]. The
toxicity of W towards molybdoenzymes and the inferred toxic-
ity of Mo towards tungstoenzymes present cells with a serious
problem: toxicity of the antagonist oxyanion via incorrect metal
insertion. Mo and W have the same atomic radii (1.75 Å and 1.78 Å,
respectively), the same electronegativity, the same free energy of
solvation (−226.8 kcal mol−1 and −230.1 kcal mol−1, respectively)
and the same covalent solution radii (2.75 Å and 2.83 Å, respec-
tively). In order to distinguish them, exquisitely discriminating
systems have evolved at the levels of metal uptake into bacte-

rial cells [18,19], metal insertion into the cofactor [20–22] and
the possible interplay of molybdoenzyme specific chaperones with
cofactor incorporation [23–27].
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.3. The structure of the molybdenum cofactor

This review focuses on bacterial enzymes containing the
ononuclear molybdenum cofactor (Fig. 1). The cofactor appears in

our basic configurations, whose structures have been determined
y a combination of rigourous biochemical studies and confirmed
y the emergence of a large amount of structural data [28–32].
he cofactor typically has a tricyclic pyranopterin structure, with
yrimidine, pyrazine, and pyran rings, respectively labelled a, b,
nd c in Fig. 1A. The alternative form of the pterin is the bicyclic
olybdopterin form, which contains the pyrimidine and pyrazine

ings but contains an open pyran ring (see Fig. 1D, distal pterin).
o and W coordination is via two dithiolene sulfurs, which are

ttached to the pyran ring. Also attached to this ring is a phos-
homethyl group, and it is the presence of a terminal phosphate
hat has led to this form of the cofactor being referred to as a
ononucleotide. Given the dominance of the pyranopterin struc-

ure (tricyclic) over the original molybdopterin (bicyclic) structure
eveloped on the basis of chemical studies [28–30], we propose
hat it be referred to as Mo-PPT or W-PPT when complexed with

o or W, respectively. Mo-PPT is the form of the cofactor found in
ukaryotes and in essentially all sulfite oxidase enzymes (SUOX)
nd some xanthine dehydrogenase enzymes (XDH). PPT can be
odified by the addition of a nucleotide (typically cytosine or gua-

ine) [33] at the phosphomethyl position to generate a dinucleotide
orm (Fig. 1C and D). Intriguingly, two PPTs can coordinate a single

atom via a pair of dithiolenes (Fig. 1B). This form of the cofac-
or is the bis-mononucleotide form. The vast majority of bacterial

olybdoenzymes contain the molybdo-bis(pyranopterin guanine
inucleotide) (Mo-bisPGD) (Fig. 1D) cofactor or its tungsto deriva-
ive (W-bisPGD). A minority of the Mo-bisPGD cofactors contain
oth a tricyclic pyranopterin (‘Proximal pterin’ in Fig. 1D) and a
icyclic molybdopterin (‘Distal pterin’ in Fig. 1D) with a structure
imilar to that originally proposed for the cofactor by Rajagopalan
nd co-workers [4,30,34].

Cofactor nomenclature is further complicated in those enzyme
ubunits that contain both a Mo-bisPGD and an [4Fe–4S] clus-
er that is at the terminus of an electron transfer relay that can
omprise up to five [Fe–S] clusters and two hemes [35]. In the
riginal structure determinations of the Mo-bisPGD containing
imethyl sulfoxide reductases (DorA), the two pterins were arbi-
rarily referred to as “P” and “Q” [36,37]. When these subunits are
tructurally aligned to those that also contain an [Fe–S] cluster (e.g.
dhF from E. coli) [38], the P-pterin is coincidentally located prox-
mal to the [4Fe–4S] cluster, whereas the Q-pterin is located distal
o it. We therefore propose that the proximal pterin be referred to
s the P-pterin, and the Q-pterin be referred to as the D-pterin, or
istal pterin.

. The four families of prokaryotic molybdoenzymes

With the exception of the nitrogenase molybdoenzymes (dis-
ussed elsewhere in this volume), Mo (or W) in prokaryotes is
oordinated by either the mono or a bispyranopterin cofactor
uried in the catalytic subunit [35,39–41]. Coordination is supple-
ented by the sidechain of a cysteine, seleno-cysteine, serine, or

spartate residue and/or by coordination of single oxygen or sulfur
toms in the form of oxo or sulfido groups.

The prokaryotic molybdoenzymes fall into four families based
n the type of cofactor bound (see Fig. 2). (I) The archaeal alde-

yde oxidoreductase family utilizes a bis-pyranopterin cofactor
W-bisPPT) that typically contains a W atom and lacks a protein-W
igand (Fig. 1B) [42,43]. (II) The xanthine dehydrogenase family,
xemplified by Rhodobacter capsulatus xanthine dehydrogenase
RhXDH) [44] contains a Mo atom coordinated by a single pterin
ry Reviews 255 (2011) 1159–1178 1161

(Mo-PPT as seen in Fig. 1A or Mo-PCD in Fig. 1C), lacks a protein-
Mo ligand, but contains an additional sulfur in the coordination
sphere (an important distinction between Family I and Family II
molybdoenzymes). (III) The prokaryotic dimethyl sulfoxide reduc-
tase family is expemplified by E. coli nitrate reductase and contains
a Mo-bisPGD cofactor (Fig. 1D) with a cysteine, seleno-cysteine, ser-
ine, or aspartate protein Mo-ligand [4,35,37,45,46]. (IV) The sulfite
oxidase family contains a single pyranopterin cofactor (Fig. 1A) and
a conserved cysteine as the protein-Mo ligand and is exemplified
by the E. coli YedY protein [41,47–49].

3.1. Family I molybdoenzymes

The archaeal aldehyde oxidoreductase family (Fig. 2A). These
enzymes catalyze the oxidation of an aldehyde to an acid, with
electrons being transferred to a soluble ferredoxin (similar reac-
tions are also catalyzed by a subset of the Family II enzymes, see
Section 3.2 below). This family is distinguished by the presence
of a W-bisPPT cofactor and the best-characterized examples are
found in the hyperthermophilic archaeon P. furiosus, with exam-
ples including formaldehyde:ferredoxin oxidoreductase (FOR) [50],
glyceraldehyde-3-phosphate:ferredoxin oxidoreductase (GAPOR)
[51], aldehyde oxidoreductase (AOR) [45], as well as the YdhV
subunit of the E. coli YdhYVXU operon [52]. It is notable that the
first structure determined of a mononuclear Mo/W enzyme was
that of the P. furiosus AOR [42,53]. It is a dimer composed of
two 605 residue subunits. Each subunit binds a W-bisPPT cofactor
and a [4Fe–4S] cluster. The structure revealed several novel fea-
tures which are applicable to many other Mo-containing enzymes
including the finding that the W was coordinated by the dithiolenes
of two anti-parallel pyranopterins.

3.2. Family II molybdoenzymes

The xanthine dehydrogenase and aldehyde oxidase family
(Fig. 2A). The enzymes of this family are involved in two-electron
transfer hydroxylation and oxo-transfer reactions with water as
the source of oxygen [54]. Members of this family include xanthine
dehydrogenases (XDH) involved in purine catabolism and alde-
hyde oxidases which oxidize numerous aromatic and non-aromatic
heterocycles and aldehydes to yield their respective carboxylic
acids. The Mo active site of these enzymes is characterized by
a cyanolysable sulfur ligand, typically a sulfido group. Mo sul-
furation, and thus enzyme activation, occurs either concurrently
or after Mo-PPT/PCD insertion into the enzyme (see Section 7.2)
[39,55,56]. Members of this family contain one to three subunits
with a similar modularity to that of the Family III enzymes dis-
cussed below. While the eukaryotic xanthine oxidoreductase (XOR)
exists as a dimer of monomers, each of which contains a flavin
adenine dinucleotide cofactor (FAD), two non-identical [2Fe–2S]
clusters, and a Mo-PPT cofactor, prokaryotic XDH’s and AOR’s are
more complicated in structure. For example, Pseudomonas putida
86 Quinoline 2-oxidoreductase (QorMLS) contains three separate
subunits for each type of cofactor: i.e. an FAD binding subunit
(QorM), Mo-PCD binding subunit (QorL), and QorS which binds two
non-identical [2Fe–2S] clusters [57,58]. Alternatively, Rhodobacter
capsulatus XDH is a dimer of dimers combining a fusion of the FAD
and [2Fe–2S] subunits into one. Electron transfer proceeds from
Mo → [Fe–S] I → [Fe–S] II → FAD and finally to NAD+. In a different
variation Desulfovibrio gigas aldehyde oxidase (DgMOP) does not
contain FAD and electrons are transferred through a complex of sev-

eral subunits with 11 redox center to form hydrogen [44,54,59–61].

3.2.1. Xanthine dehydrogenase from Rhodobacter capsulatus
RhXDH is a cytoplasmic enzyme complex that catalyzes the

oxidation of hypoxanthine to xanthine and finally to uric acid,
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Fig. 1. Structures and nomenclature of the mononuclear molybdenum cofactor. (A) The molybdo-pyranopterin cofactor (Mo-PPT) found in eukaryotic molybdoenzymes,
bacterial xanthine dehydrogenases (XDH) and sulfite oxidases (SUOX) [41,162]. The substituent rings of the pterin are (a) pyrimidine, (b) pyrazine, and (c) pyran. (B) The
tungsto-bis(pyranopterin) cofactor-(W-bisPPT) found in the archaeal aldehyde oxidoreductases [42]. This form of the cofactor can also be referred to as a bis-mononucleotide
form of the mononuclear tungsten cofactor. (C) The molybdo-(pyranopterin cytosine dinucleotide) cofactor (Mo-PCD) found in most bacterial xanthine dehydrogenases
[54,56,170,235,236]. (D) The molybdo-bis(pyranopterin guanine dinucleotide) cofactor (Mo-bisPGD) found in the majority of bacterial molybdoenzymes that can also exist
in a W-bisPGD form. In two examples, the E. coli respiratory nitrate reductase (NarGHI) [4] and the ethylbenzene dehydrogenase (EbdABC) from Aromatoleum aromaticum
[34], one of the pterins has the bicyclic molybdopterin structure predicted from the chemical studies of Rajagopalan and coworkers [28,29,31]. Mo-bisPGD can also be referred
to as a bis-dinucleotide form of the mononuclear molybdenum cofactor.
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Fig. 2. Molybdoenzyme subunit diversity. Discussion of the entire plethora of bacterial molybdoenzymes is beyond the scope of this review. Bayman et al. [237] described the
concept of the redox enzyme subunit toolkit, in which a variety of subunit/domain modules come together to generate specific metabolic functionalities that contribute to
metabolic diversity. Subunits can be “mixed and matched” to generate systems interfacing with membrane-intrinsic quinone pools, cytochromes c, flavoproteins, and ferre-
doxins. Represented by the orange circles are the Mo/W-pterin-containing enzymatic subunits, green boxes represent electron-transfer subunits, blue circles are flavoproteins,
red circles and squares indicate cytochromes; the blue square is the FHL complex. Subunits that contain a Tat leader (tat), pseudo-Tat leader (ptat), or Sec leader (sec) are
indicated by a correspondingly labelled squiggle coming off the respective subunit [35,41,196,238]. Interactions between various subunits are of two types: transient interac-
tions (dashed-line arrows) such as between YedY and YedZ, or strong interactions (solid-line arrows) as in the heterotrimer of NarGHI. (A) The archaeal/bacterial/eukaryotic
xanthine dehydrogenase (XDH) and aldehyde oxidoreductase (AOR) families. Archaeal refers specifically to P. furiosus (FAD – flavin adenine dinucleotide; AOR – alde-
hyde:ferredoxin oxidoreductase; FOR – formaldehyde:ferredoxin oxidoreductase; GAPOR – glyceraldehyde-3-phosphate:ferredoxin oxidoreductase; MOP – Desulfovibrio
gigas AOR) [42,53,54,56–60,235,239–244]. (B) The members of the sufite oxidase (SUOX) and assimilatory nitrate reductase (NIR) family [41,48,49,123,128,131,245–250]. (C)
The members of the dimethyl sulfoxide reductase family. Archetypal members of the CISM group are indicated with an asterisk. (FHL – Formate Hydrogen Lyase complex;
S 7,66,
e r, P. fu
r as, Des
V duran

u
s
o
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eCys – Selenocysteine; AH – Acetylene Hydratase; cyt – cytochrome) [4,9,34,35,3
nzyme complexes: NarGHI is actually a dimer of trimers, Plant NIR is a homodime
efer to references or search using the given genotypes. E. coli, Escherichia coli; D. gig
. alcalescens, Veillonella alcalescens; T. thermophilus, Thermus thermophilus; D. radio

sing NAD+ as an electron acceptor. The RhXDH has a sequence,
ubunit organization, and cofactor content more similar to eukary-

tic xanthine oxidoreductase than to other bacterial XDHs [59,60].
owever, unlike eukaryotic XOR it lacks the critical cysteine

esidues that allow XOR to interconvert between the oxidase
nd dehydrogenase forms and thus RhXDH is limited to NAD+ as
n electron acceptor [44,59,60,62]. RhXDH is composed of two
74,78,82,84–86,166,171,251–255]. The figure does not convey multimerization of
riosus AOR is a homotetramer, etc. For further information on the enzyme systems,
ulfovibrio gigas; V. atypica, Veillonella atypica; R. capsulatus, Rhodobacter capsulatus;

s, Deinococcus radiodurans; P. acetylenicus, Pelobacter acetylenicus.

subunits, encoded by the genes xdhA and xdhB, which together
form a butterfly shaped dimer (�2�2) [44]. Sequence analysis

shows homology between XdhAB with the E. coli periplasmic
XDH YagTSR and DgMOP, where sequence variability in the enzy-
matic subunits may be due to the different Moco bound: Mo-PPT
in the case of RhXDH, and Mo-PCD in the case of the other
two [54,56,59].
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RhXdhA is 50 kDa and consists of two domains: the N-terminal
omain binds the two [2Fe–2S] clusters, while the C-terminal
omain binds an FAD. The two domains are joined by a 31
esidue peptide linker which is homologous to the linker region
n eukaryotic XOR. In eukaryotes this linker facilitates interconver-
ion between the dehydrogenase and oxidase forms, but RhXdhA
acks the necessary cysteines for this to occur. The N-terminal
2Fe–2S] domain contains a ferredoxin-type four-helix bundle with
wofold symmetry that binds a [2Fe–2S] cluster at the apex, which
nserts into RhXdhB and seals the Moco from the solvent. The sec-
nd cluster, proximal to FAD, lies 12.4 Å from the first cluster and
s coordinated by a plant and cyanobacterial-like ferredoxin fold.
ince all redox cofactors are within 14 Å of each other a “through-
pace” electron transfer mechanism has been proposed [63]. The
-terminal FAD domain is only 22% identical in sequence to bovine
DH however it is structurally very similar.

The Moco subunit, RhXdhB, is 85 kDa and can be subdivided
nto two domains: Mo1 and Mo2, with the Moco being situated
etween the two domains and close to the XdhA–XdhB interface.
he Moco itself is of the Mo-PPT variety, as are all eukaryotic XORs.
o1 and Mo2 can each be subdivided into two subdomains, each

aving extensive �-sheet structure with one or two interacting �-
elices. The overall fold of RhXdhB is homologous to bovine milk
DH, DgMOP, and Oligotropha carboxidovorans CO dehydrogenase

CoxMSL). The Mo-PPT is bound tightly to the enzyme via several
ighly conserved side-chain and main-chain interactions. Mo itself

s coordinated by the two dithiolene sulfurs of PPT, an oxo and
ulfido group, and water [44,60].

.3. Family III molybdoenzymes: the dimethyl sulfoxide reductase
amily (Fig. 2C)

This family includes the periplasmic dimethyl sulfoxide reduc-
ase of Rhodobacter sphaeroides and Rhodobacter capsulatus that
ere the first members of the family to be structurally char-

cterized [36,37]. It is widespread in prokaryotes and has been
xtensively reviewed [35,64]. These enzymes can be simple soluble
roteins with only a Mo-bisPGD cofactor such as trimethylamine-
-oxide reductase (TorA) (see Section 3.3.1) [65], dimethyl
ulfoxide reductase (DorA) [36], and biotin sulfoxide reductase
BisC) [66].

At the next level of complexity, the Mo-bisPGD-containing sub-
nit can pair up with a heme-containing electron-transfer subunit
s in the periplasmic NapAB found in many eubacteria (see Sec-
ion 3.3.2) [67]. At the most complex level these molybdo-subunits
an be part of multi-subunit membrane-bound proteins of which a
arge number have been characterized at the structural, functional
nd biophysical level (see Section 3.3.3).

.3.1. Family III enzymes with only a Mo-bisPGD cofactor
These enzymes are soluble and coordinate Mo-bisPGD as the

nly cofactor. They can be located in either the cytoplasmic
r periplasmic compartments of diderm prokaryotes. Periplas-
ic localization is determined by the presence of an N-terminal

win arginine translocation (Tat) leader sequence [68–73]. Many
embers of this group have been extensively studied includ-

ng the periplasmic dimethyl sulfoxide reductase (DorA) that
educes dimethyl sulfoxide to dimethylsulfide [74], the periplas-
ic trimethylamine-N-oxide reductase (TorA) [65] that reduces

rimethylamine-N-oxide to trimethylamine and the cytoplasmic
iotin sulfoxide reductase (BisC) [66] that converts biotin sulfox-
de to biotin. In the case of the periplasmically localized TorA and
orA, interaction with the Q-pool is transiently through a mem-
rane intrinsic penta-heme cytochrome c: TorC and DorC [74].

Many of these enzymes have been crystallized and extensively
xamined at the structural and biophysical levels. Following the ini-
ry Reviews 255 (2011) 1159–1178

tial reports on the 2.2 Å and 1.88 Å resolution structures of dimethyl
sulfoxide reductases of R. sphaeroides [36] and R. capsulatus [37]
various Mo co-ordination environments in the oxidized Mo(VI)
state were proposed. However, very high resolution (1.3 Å) crys-
tallographic data revealed that the previously reported structures
represented an average of several conformations [75]. Similar con-
clusions were reached in a recent X-ray absorption spectroscopy
study of trimethylamine-N-oxide reductase [76]. Heterogeneity at
the active site seems to be a feature of many molybdoenzymes of
the dimethyl sulfoxide reductase family, which complicates spec-
troscopic and structural investigations [77]. DorA, which is a typical
example of the family, is comprised of 780 residues encompass-
ing four conserved domains (see Fig. 3A) [37,46]. Domains I and II
lie on one side of a cup-shaped protein that co-ordinates the Mo-
bisPGD. Domain III forms the opposite side of the cup with the
Mo atom at the bottom of the cup which is open to the external
environment. Domain IV lies beneath the Mo atom and closes the
channel. Domains II and III comprise the nucleotide binding domain
of pterins D and P, respectively. The pterin part is bound by domain
IV. The PGD bound to domain II is called the P-PGD and the PGD
bound to domain III is the D-PGD [36]. The Mo-bisPGD is comprised
of two antiparallel pyranopterins with a twofold axis of symme-
try through the Mo (see Fig. 1D). The Mo atom is co-ordinated by
four dithiolene sulfurs, the sidechain of an amino acid (serine, cys-
teine, seleno-cysteine) and an additional oxo group. The protein
makes over 45 contacts with the cofactor. Detailed information on
the geometry and ligation of the Mo is discussed elsewhere in this
volume.

The trimethylamine-N-oxide reductase of E. coli (TorA) has been
extensively studied and provides insights into the maturation of
molybdoenzymes as discussed below (see Section 7.1.2). TorA
binds a Mo-bisPGD and communicates with a c-type pentaheme
periplasmic protein (TorC) that is held to the membrane by an
N-terminal anchor [65]. TorA primarily reduces trimethylamine-
N-oxide and 4-methylmorpholine-N-oxide and does not reduce
dimethyl sulfoxide. The structure of Shewanella massilia TorA has
been determined [78]. The arrangement of the polypeptide around
the Mo-bisPGD is typical for this family as described above. The
Mo is buried within the protein and substrates reach the active
site via a wide funnel as in the DorA protein. An interesting aspect
of the EcTorA is that W could replace the transition metal Mo
[15] and the modified enzyme used both trimethylamine-N-oxide
and dimethyl sulfoxide. Attempts to incorporate W in other E. coli
molybdoenzymes results in non-functional protein entirely devoid
of Mo-bisPGD [79,80].

3.3.2. Family III enzymes with Mo-bisPGD and an [Fe–S] cluster
A major difference between this group and the enzymes

described above is that a [4Fe–4S] cluster is ligated by domain
I in close proximity to the Mo-bisPGD at a motif sequence
Cys–X2–Cys–X3–Cys–X24-26–Cys [81]. This motif is found in most
members of the dimethyl sulfoxide reductase family with some
variations as in NarG/EbdA/SerA/DdhA where the first cysteine
is replaced by a histidine (see Section 3.3.3) or in AroA which
binds a [3Fe–4S] cluster with a Cys–X2–Cys–X3–Cys motif [82].
The [4Fe–4S] cluster and Mo-bisPGD are about 12 Å apart. This
group can be further sub-divided into those proteins that bind a
heme-containing subunit and those that bind an [Fe–S]-containing
electron transfer subunit.

These enzymes are distinguished from the more complicated

complex iron-sulfur molybdoenzymes (CISM), described in Section
3.3.3, by the arbitrary limit of no more than two subunits and/or the
lack of a membrane anchor subunit. The catalytic subunit contain-
ing the cofactor and [Fe–S] cluster can be paired with a diheme
cytochrome c in the case of NapAB, or [2Fe–2S] cluster-containing
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Fig. 3. Domain structure of the catalytic subunits of Family III molybdoenzymes. (A) The four conserved “core” domains (I–IV) of the DMSO Reductase family of molybdoen-
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ymes is exemplified by the structure of NarG (PDB ID code 1q16) [46]. The upper pa
f Mo-bisPGD. A 90◦ counter-clockwise rotation along the y-axis provides a view o
omain V of NarG provides a narrow and elongated substrate channel for nitrate/ni

ubunit in the case of arsenite oxidase [82]. More complex CISM-
ike members of this group are ethylbenzene dehydrogenase
EbdABC), chlorate reductase (ClrABC), selenate reductase (Ser-
BC), and dimethyl sulfide dehydrogenase (DdhABC), perchlorate
eductase (PcrABC) which all contain a catalytic subunit that coor-
inates a Mo-bisPGD and a [4Fe–4S] cluster, a electron transfer
ubunit with three [4Fe–4S] clusters and one [3Fe–4S] cluster, and
ost importantly a soluble cytochrome b subunit [34,83–86].
The periplasmic nitrate reductase NapAB is typical of dimeric

ISM-like molybdoenzymes. NapAB is widely distributed in bac-
eria where it is necessary for nitrate scavenging by pathogenic
pecies [87]. It is normally found as a dimer (NapAB) (an excep-
ion is the Desulfovibrio desulfuricans NapA which is monomeric
nd soluble in the periplasm [88]. NapA (∼91 kDa), the catalytic
ubunit, reduces nitrate to nitrite. The electrons required for
eduction are transferred from the diheme cytochrome c, NapB
17 kDa) [89]. The NapAB dimer ultimately derives its electrons
rom ubiquinol or menaquinol through NapC, a membrane-bound
lobular tetraheme cytochrome c with which NapAB interacts
ransiently [90].
The genomic organization of the nap operon is complex and
here is evidence that napABCD genes are necessary but not napFGH
or periplasmic nitrate reduction [87,91,92] but this varies among
ifferent bacterial species with apparent species dependent assem-
ly pathways (see below). In the oxidized state of NapA, the Mo
ws domain I, which coordinates FS0, and domain IV, which binds the pterin portion
ains II and III, which bind the guanine moieties of Mo-bisPGD. (B) The additional
ccess.

is hexacoordinated in which the Mo is coordinated by four dithi-
olene sulfurs from PGD, a cysteine from the protein, and a 6th
ligand which was originally believed to be an oxo, until the inter-
pretation of the 1.99 Å-resolution X-ray data of the “as-prepared”
enzyme from D. desulfuricans suggested that it is a sulfur [93].
This would have significant implications regarding the catalytic
mechanism if it were established that this corresponds to an active
state. Recent electrochemical studies have revealed the existence
in R. sphaeroides NapAB of several states that stand apart from
the reaction pathway and may have been mistaken for catalytic
intermediates; this has been discussed in relation with the het-
erogeneity of the Mo(V) EPR signal of all enzymes of the dimethyl
sulfoxide reductase family [77,94].

3.3.3. The complex iron-sulfur molybdoenzyme (CISM) group
Considerably more complex members of Family III are the

membrane-bound heterotrimeric proteins, where in Fig. 2C the
subunits belonging to this group are indicated by an asterisk [35].
These enzymes are composed of three distinct subunits: a large
catalytic subunit containing the active site, the Mo-bisPGD and a

[4Fe–4S] cluster; an electron transfer subunit coordinating 4 [Fe–S]
clusters; and an integral membrane anchor subunit that may coor-
dinate b-type hemes and provides the quinol oxidation/reduction
site. These enzymes differ from the other two Family III molyb-
doenzyme groups (NapAB, TorA, DorA, etc.) in that their interaction
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ith the membrane intrinsic subunit is a stable interaction that
orms a membrane-bound complex, whereas with the interaction
f NapAB, TorA, DorA with their membrane-bound counterparts
s transient (NapABC, TorAC, DorAC). This group includes the for-

ate dehydrogenase-N (FdnGHI) [6], dimethyl sulfoxide reductase
DmsABC) [95] and nitrate reductase (NarGHI) [96] from E. coli.
he architecture of this family has been verified by the high-
esolution structure of EcNarGHI [4,46] as well as the structures
f EcFdnGHI [6] and Thermus thermophilus polysulfide reductase
PsrABC) [97]. These structures, when combined with a wealth
f available biochemical and biophysical data clearly put us on
path to an atomic resolution understanding of this group of
olybdoenzymes.
The membrane anchor subunits are the most variable of the sub-

nits in the CISM group. They can vary from 4 TMS in FdnI [6], 5 TMS
n NarI [4] to 8 TMS in DmsC [98] and PsrC [97]. They may (NarI,
dnI) or may not (DmsC, PsrC) coordinate b-type hemes. What they
ll have in common is a quinone binding site for the oxidation or
eduction of menaquinone and/or ubiquinone and an anchoring
unction for the extrinsic catalytic and electron transfer subunits.
or example, FdnI, the anchor of the FdnGHI complex has 4 TMS in
hich the two hemes are coordinated by 2 histidine residues from

ne helix (TMS 4), with the other two coming from TMS 1 and 2.
hus, in FdnI the proximal heme bP (proximal to the membrane-
xtrinsic dimer) is coordinated by histidine residues from TMS 2
nd 4, and distal heme bD (distal to the membrane-extrinsic dimer)
s coordinated by histidine residues from TMS 1 and 4 [6]. In com-
arison with NarI, there is an unfortunate lack of spectroscopic
nd potentiometric data on the hemes of FdnI. Another variation
s represented by the PsrC/DmsC anchors of Thermus thermophilus
olysulfide reductase (PsrABC) and E. coli dimethyl sulfoxide reduc-
ase (DmsABC), respectively. These anchors are organized in eight
MS and lack heme [95]. The structure of PsrABC has recently
een determined [97] providing new insight into the organiza-
ion of these eight TMS subunits [97]. Co-crystallization of PsrABC
ith quinones shows that the quinone binding site is close to the
eriplasmic side of the membrane near iron sulfur cluster FS4, in
srB. A strictly conserved arginine found in DmsC, PsrC, TtrC, and
rfD may play a role in stabilizing the helices of the subunit, similar

o a conserved histidine in FdnI, but this arginine is too far from the
-site to be involved in quinone binding (10 Å) [6,97,99]. Interest-

ngly, this arginine may also serve as part of a proton translocating
ump, since PsrABC has been shown to translocate a proton for
very two electrons transferred and mutation of this conserved
esidue in W. succinogenes PsrC resulted in an inactive enzyme
97,99]. In DmsC the quinone site must also be close to FS4 and
lthough the arginine is conserved, DmsABC is not electrogenic and
oes not pump protons [100].

One notable aspect of the CISM group is the orientation of
he catalytic and electron transfer subunits with respect to the
ytoplasmic membrane. CISM enzymes oriented to the external,
eriplasmic face are addressed to this location via the twin argi-
ine translocon (Tat) by the signal sequence at the N-terminus
f the catalytic subunit (see below) [35,69]. In enzymes that lack
Tat signal peptide, the catalytic and electron transfer subunits

re oriented to the inner face of the cytoplasmic membrane. One
onsequence of this membrane topology is that a complete respi-
atory chain can comprise two members of the CISM group with
heir catalytic dimers having opposite orientations with respect to
he cytoplasmic membrane. The membrane-soluble quinone pool
llows communication between the two enzymes. The process of

roton translocation (contributing to the generation of the pro-
onmotive force) is achieved by distributing the H+-releasing and
+-consuming reactions across the energy conserving membrane.
his is defined as a “redox loop mechanism” for energy conservation
s proposed by Peter Mitchell in his Chemiosmotic Theory (Sec-
ry Reviews 255 (2011) 1159–1178

tion 6) and exemplified by the formate dehydrogenase-N: nitrate
reductase respiratory chain [101,102].

3.3.3.1. Escherichia coli nitrate reductase A: an archetypal CISM
(Fig. 4). For brevity we discuss only the quinol:nitrate oxidoreduc-
tase of the anaerobic respiratory chain, referred to as the nitrate
reductase A (NarGHI), an archetypal member of the CISM group
and one of the best characterized complex molybdoenzymes at
the structural, biochemical and biophysical levels. NarGHI consists
of: (i) a catalytic subunit (NarG), that contains a Mo-bisPGD and a
[4Fe–4S] cluster with unique properties (FS0); (ii) an electron trans-
fer subunit (NarH) that contains four [Fe–S] clusters (FS1 to FS4);
and (iii) a membrane anchor subunit (NarI) that provides a site of
quinol oxidation, as well as anchoring of the catalytic and the elec-
tron transfer subunit subunits to the cytoplasmic membrane. NarI
contains two b-type hemes. Overall the polypeptides form a scaf-
fold to coordinate the electron transfer relay (ETR) that connects
the membrane buried quinol oxidation site, in close proximity to
one of the hemes, to the nitrate reduction site at the Mo-bisPGD
(Fig. 4). The redox interconversion of nitrate to nitrite occurs at
the Mo-bisPGD, which is maintained in redox equilibrium with
the lipid-soluble quinone pool via the electron-transfer relay com-
prising FS0-FS4 and the hemes of the membrane anchor subunit.
Quinone redox chemistry typically occurs at a quinone binding site
that is distal to the hemes of the membrane anchor subunit, or at the
interface between the four cluster protein and the membrane sub-
unit in the CISMs that do not contain heme (e.g. DmsABC, PsrABC).
In the case of NarGHI, the ETR extends over a distance of approx-
imately 98 Å with inter-center distances (edge to edge) between
redox components of 5.4–11.2 Å [4].

The catalytic subunit (NarG). NarG is 1244 residues in length
(139 kDa) and is considerably larger than the majority of dimethyl
sulfoxide reductase family catalytic subunits which are about 800
residues. NarG is composed of four conserved domains (Fig. 3A)
grouped around the Mo-bisPGD catalytic center, plus a fifth domain
(V) that provides a narrow substrate binding funnel leading to the
Mo active site (Fig. 3B) [4,46]. In most structurally characterized
molybdoenzymes, the Mo coordination sphere comprises the four
dithiolene sulfurs of the cofactor, one or two oxo groups, and a cys-
teine, seleno-cysteine, or serine as protein-Mo ligand. However,
in NarG, in addition to the four dithiolene sulfurs from the two
pterins, the Mo atom is coordinated by one or both carboxylate oxy-
gens from an aspartate (NarG-Asp222) [4,46]. The two antiparallel
pterins also have some unusual properties. In NarG the distal pterin
has a bicyclic structure with an open pyran ring (see Fig. 1D) which
is probably stabilized by the side chains of Ser791 and His1163
[103]. Whereas the proximal pterin is a typical tricyclic pterin. The
Mo(IV → V) and Mo(V → VI) transitions have been determined by
redox potentiometry to be Em = + 95 mV and Em = + 190 mV, respec-
tively and enabling stabilization of a Mo(V) species detectable by
EPR spectroscopy [104].

NarG coordinates an essential [4Fe–4S] cluster (FS0) in close
proximity to the proximal pterin. FS0 is coordinated by 3 cysteines
(Cys53, Cys57, Cys92) and a histidine (His49) located near the N-
terminus [105]. This coordination is similar to that observed for
one of the [4Fe–4S] clusters of the bacterial hydrogenases, such
as the [Ni–Fe] hydrogenase from Desulfovibrio gigas [106], and
the Fe–Mo hydrogenase from Clostridium pasteurianus [107]. The
NarG [4Fe–4S] cluster has a S = 3/2 ground state [105] effectively
moving the visible features of its EPR spectrum to a higher g-
value near g = 5.0. Redox potentiometry suggests the cluster has an

Em = −55 mV appropriate for participating in the electron transfer
relay. However detailed spin quantitation of EPR signals generated
by the S = 3/2 species revealed that the g = 5.0 signals are substoi-
chiometric, suggesting that the FS0 center is also present in another
ground state, most likely S = 1/2 [108,109]. Mutation of His49 to
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ig. 4. E. coli nitrate reductase A (NarGHI) as an archetypal CISM. (A) The three sub
s embedded in the cytoplasmic membrane with the NarGH subunits oriented towa
wo hemes, five [Fe–S] clusters, and a Mo-bisPGD cofactor. It spans ∼100 Å from a q

erine or cysteine removes the g = 5.0 EPR signal and eliminates
atalytic activity [108,110]. X-ray crystallography indicates that
arGHI assembles on the membrane in both mutants and is struc-

urally superimposable on the wild-type structure [110]. In the
ysteine variant FS0 and Mo-bisPGD assemble. However, in the
erine mutation FS0 and bisPGD are absent with only two guano-
ine diphosphate molecules occupying the PGD site. The FS0 cluster
ommunicates with Mo-bisPGD via Arg94 which is optimally situ-
ted for electron transfer. Mutation of this residue to serine causes
dramatic change in the FS0 EPR spectrum and a negative shift in

he Em to −170 mV [110].
The electron transfer subunit (NarH). The electron transfer sub-

nits of the CISM group form the scaffold for a series of stepping
tones coordinating four [Fe–S] clusters (FS1–FS4) that are crucial
or electron transfer relay from the quinone binding site to the

o-bisPGD. In NarH, FS1 to FS3 are [4Fe–4S] clusters and FS4 is
[3Fe–4S] cluster whereas in most other CISM group members all

our clusters are [4Fe–4S]. NarH provides the molecular scaffold to
lace each cluster in the correct juxtaposition for efficient electron
ransfer well within the 14 Å edge to edge limit for electron transfer
111].

NarH comprises two domains (A and B) which each coordi-
ate a higher potential and a lower potential cluster [112]. These
lusters have midpoint potentials (Em values) of +130 mV (FS1),
420 mV (FS2), −55 mV (FS3), and +180 mV (FS4) [96]. The clusters
re coordinated by four ferredoxin-like cysteine groups (Groups
–IV) (Fig. 5) with a consensus sequence of (Cax2CBx2–11CCx3CDP)

113]. The protein environment also sets the redox potential of each
luster. Two additional domains of NarH comprise inserts that com-
letely shield the core structure from the aqueous milieu. These
omains are missing in other CISM electron transfer subunits. In the
arlier literature there was controversy about the role of the very
of NarGHI are shown in yellow (NarG), red (NarH), and orange (NarI). The enzyme
e cytoplasmic compartment [4]. (B) The NarGHI electron transport relay comprises
binding site in NarI [5].

low potential FS2 (−420 mV). FS2 was proposed to serve a struc-
tural role as its potential was deemed to be too low and unlikely
to participate in direct electron transfer. However the X-ray struc-
ture of NarGHI clearly showed that FS2 was an integral member
of the electron transfer relay. The low potential can be a barrier to
electron flow and may serve to coordinate the rate of electron trans-
fer with the rate of catalysis. Importantly other well-characterized
prokaryotic redox enzymes including dimethyl sulfoxide reduc-
tase, succinate dehydrogenase and fumarate reductase have a very
low potential cluster in the electron transfer chain suggesting that
this is a common feature of electron transfer relays [95,114,115].
More work will be required to unequivocally understand the role
of FS2.

NarH evolved to coordinate [Fe–S] clusters covering a 600 mV
range in Em values. One approach to understanding the role of
potential in overall catalysis has been to apply site directed muta-
genesis. For example mutation of NarH Cys26 to alanine results in
conversion of FS2 to a [3Fe–4S] cluster [5], raises the Em by approxi-
mately 600 mV (Parkin et al., unpublished) and significantly affects
the quinol oxidase activity [113]. One hypothesis that may explain
this range is that the hydrogen bonding environment surrounding
the clusters is crucial in defining their Em values.

The membrane anchor and quinol oxidizing subunit (NarI). NarI is
comprised of 225 residues organized in five transmembrane seg-
ments (TMS) to coordinate two b-type hemes with bishistidine
ligation [116]. The two hemes are coordinated between trans-
membrane segments 2 and 5 in a manner reminiscent of, but

distinct from, the heme coordination within mitochondrial com-
plex III [117,118]. They have midpoint potentials of +125 mV (heme
bP) and +20 mV (heme bD). Examination of the structure of NarI
reveals two clefts, a larger one located between TM segments 1
and 2, and a small cleft located between TM segments 2 and 3.
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Fig. 5. Architecture of the four cluster protein subunit. The core architecture of the
CISM four cluster protein subunit is predicted to result from a primordial gene inser-
tion event resulting in one eight-iron ferredoxin domain being appended to another
[35]. These are labelled as Domain A and Domain B in the figure. The resultant pro-
tein contains four Cysteine groups (I–IV) that coordinate the four [Fe–S] clusters
(FS1–FS4) in the manner shown. Each cysteine residue is represented by a yellow
circle, and the four [Fe–S] clusters are labelled 1–4 from left to right. For each Cys-
teine group, three Cysteine residues coordinate one [Fe–S] cluster, while the fourth
coordinates the other [Fe–S] cluster of the pair. In the case of NarH, Cys group III
has a Tryptophan residue at the second Cys position (CB), and this is indicated as a
blue circle in the figure. The Tryptophan substitution results in the assembly of a
[3Fe–4S] cluster instead of a [4Fe–4S] cluster at the FS4 position. In almost all cases
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he four cluster protein subunit functions to provide part of an electron transfer
elay connecting the Mo-bisPGD cofactor to a Q-site with the possibly involvement
in NarGHI) of an additional cluster in NarG (FS0) and two hemes in NarI (hemes bP

nd bD).

he observation of the two clefts suggested that there may be
wo quinone-binding sites, perhaps one for menaquinol and one
or ubiquinol the two quinols utilized by NarGHI. However, exten-
ive studies of the effects of two classical Q-site inhibitors, HOQNO
2-n-heptyl-4-hydroxyquinoline-N-oxide) and stigmatellin, as well
s detailed pulsed EPR experiments with wild-type NarI and site-
irected mutations of Lys86 and His66 in the quinol binding site

ndicate that menaquinol and ubiquinol binding occurs at a single
ite in the vicinity of the distal heme using a similar binding mode
nvolving the His66 residue, a bD heme ligand [5,119–121]. Quinol
inding occurs in the vicinity of the heme oriented towards the
eriplasm, placing quinol oxidation close to the periplasmic side
f the membrane, in agreement with the proposed bioenergetics of
arGHI and allowing the generation of a protonmotive force during

urnover [35].

.4. Family IV molybdoenzymes: the prokaryotic sulfite oxidase
amily (Fig. 2B)

Although this family primarily consists of sulfite oxidase of
igher organisms and assimilatory nitrate reductase of plants,
rokaryotic examples are known. The sulfite oxidase-fold (SUOX)
nzymes are important in plant sulfite detoxification, agricul-
ure, adaptation to pollution, and global geochemical cycles and
he structures of several have been reported [47,122–126]. These
nzymes mix and match a heme b5 domain, a Mo-PPT bind-
ng SUOX-fold, a FAD-binding domain and a dimerization domain

127–129]. It is important to note that while the other three families
f molybdoenzymes contain [Fe–S] clusters or interact with [Fe–S]
ubunits, members of Family IV do not. Starkeya novella sulfite oxi-
ase (SorA) forms a stable dimer with a soluble cytochrome (SorB),
hich interacts transiently with a membrane-bound cytochrome
ry Reviews 255 (2011) 1159–1178

c550 [124]. T. thermophilus SUOX, on the other hand, also interacts
with a soluble cytochrome c, but only transiently [130].

Bioinformatic analyses of the E. coli genome identified the YedY
protein (of the yedYZ operon) as a possible member of the sulfite
oxidase class. This was confirmed by determination of the structure
of YedY [41,131]. The yedYZ operon encodes a putative oxidore-
ductase with a soluble, periplasmic, MoPPT-containing catalytic
subunit (YedY), and a heme-containing membrane-intrinsic sub-
unit (YedZ). Mature YedY is 290 amino acid residues in length
following cleavage of its N-terminal Tat leader, and is found in
the periplasmic compartment. As predicted it contains the Mo-
PPT form of the cofactor rather than the bis-dinucleotide form
(Mo-bisPGD) found in the majority of bacterial molybdoenzymes.
YedY comprises only the SUOX-fold, lacking the FAD and heme
b5 domains of sulfite oxidase [131]. YedY also lacks the Arg triad
that stabilizes anionic substrates in SUOX fold enzymes [41]. The
Mo of YedY is trapped in the Mo(V) state in its as-isolated form,
and cannot be oxidized to Mo(VI) in potentiometric titrations.
The redox partner of YedY is YedZ, a hydrophobic monoheme
cytochrome b (Em = −8 mV) [132] (low spin, bis-His coordination)
with 6 predicted TM segments and a total of 211 amino acid
residues. YedY interacts with YedZ and couples electrons to the
membrane-intrinsic quinone pool [131].

4. Regulation of bacterial molybdoenzyme expression

Prokaryotic molybdoenzyme expression is controlled at three
levels: Mo transport (Mo availability), cofactor biosynthesis and
molybdoenzyme apo-protein expression by a complex array
of overlapping transcription factors and a recently discovered
riboswitch mechanism.

4.1. ModE, the molybdenum sensor

In E. coli and many other prokaryotes Mo is transported via
ModABC which allows the bacteria to accumulate trace amounts
of Mo from the environment [133]. ModABC is an ATP binding cas-
sette (ABC) transporter composed of a periplasmic binding protein
(ModA), a membrane subunit (ModB) and an ATPase (ModC). Earlier
publications had suggested the presence of a fourth open reading
frame, modD, but this was due to a frame shift sequencing error
and the DNA in this region actually codes for the YbhA protein
(a non-essential phosphatase) [134]. Binding of Mo by the ModE
transcription factor results in a conformational change and ModE
dimerization allowing the complex to bind to an upstream DNA
sequence which contains an 8-base inverted repeat 5′-TAACGTTA-
3′ flanked by two CAT boxes [135]. A combination of microarray
and bioinformatic analyses of the E. coli genome has identified over
80 genes that are (or could be) regulated (induction or repression)
by ModE-Mo [136,137]. ModE-Mo represses the expression of the
modABC operon as might be expected if Mo is available [138]. ModE-
Mo induces the moaABCDE operon that encodes enzymes which
catalyze key steps in molybdopterin biosynthesis [135]. ModE also
regulates the expression of the structural genes for many molyb-
doenzymes including periplasmic and membrane-bound nitrate
reductase (nap, narGHI) and dimethyl sulfoxide reductase (dmsABC)
[139,140].

4.2. Global regulation by FNR (fumarate nitrate regulation) and
ArcA
As noted elsewhere in this review, part of the amazing respira-
tory diversity of prokaryotes results from the controlled expression
of molybdoenzymes, under anaerobic growth conditions. The aer-
obic:anaerobic transition must be tightly controlled to optimize
efficiency of substrate utilization. O2 is the preferred acceptor,
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ollowed by nitrate, trimethylamine-N-oxide− and dimethyl sul-
oxide. The transition is controlled by the FNR transcription factor,
he global regulatory protein whose activity is regulated by O2
141]. The fnr gene was originally identified as an activator of anaer-
bic respiratory gene expression by isolating pleiotropic mutants
hat lack most anaerobic respiratory pathways. FNR, a member of
he very large FNR/Crp family of transcription factors [142], can
oth induce (e.g. dmsABC, narGHJI) and repress (e.g. ndh, cyoABCDE)
perons in the FNR regulon [143,144]. FNR is composed of two
omains: an N-terminal sensory domain with a Cys motif that
oordinates a unique [4Fe–4S] cluster and a C-terminal domain
ith a helix-turn-helix motif that binds to a palindromic DNA

equence (NTTGAT). FNR contains four essential cysteines which
oordinate an unstable [4Fe–4S] cluster. This cluster has a redox
otential of about +400 mV, undergoes conversion from an active
4Fe–4S] state under anaerobic conditions (FNR dimer) to an inac-
ive [2Fe–2S] cluster under aerobic conditions, via an intermediate
3Fe–4S] state. This transition is accompanied by the conversion of
NR from an active homodimer to an inactive monomer precluding
NA binding [145,146].

Another level of global regulation is achieved by the oxygen
ediated ArcAB sensor kinase system [147]. The ArcA protein is a

esponse regulator paired with a membrane-bound cognate sensor
histidine protein kinase) ArcB. The ArcA protein acts primarily as
transcriptional repressor of genes whose products are involved

n aerobic metabolism [148]. ArcB protein controls ArcA protein
ctivity through transphosphorylation reactions. Under aerobic
onditions, the kinase activity of ArcB is inhibited by the quinone
lectron carriers that act as direct negative signals [149,150].

.3. Response to nitrate and nitrite (NarXL and NarPQ)

Nitrate acts to induce the synthesis of narGHJI and simultane-
usly to repress the synthesis of other anaerobic respiratory chain
omponents (e.g. dmsABC). The NarX–NarL two-component regu-
atory histidine/aspartate kinase phosphotransfer system detects
nd regulates gene expression in response to the availability of high
oncentrations of nitrate [148,149]. In E. coli, an alternative system,
arQ–NarP, activates gene expression in response to nitrate and is
specially sensitive to low concentrations of nitrate [151]. Phos-
horylation of the NarL and NarP response regulators is governed
y the NarX and NarQ sensors in response to signal ligands, nitrate
nd nitrite. In E. coli, the NarX sensor is specialized for preferen-
ial response to nitrate, whereas the NarQ sensor is generalized
or response to nitrate and nitrite. Evidence for an asymmetric
ignal-response cross-regulation network has recently been pro-
ided, in particular for the narGHJI operon such that NarQ interacts
imilarly with both response regulators, whereas NarX interacts
referentially with NarL [152]. When nitrate is present, expres-
ion of the genes for fumarate (frdABCD), trimethylamine-N-oxide
torCAD) and dimethyl sulfoxide reductases (dmsABC) is repressed
hile expression of the narGHJI genes is induced. Expression of

he nrfABCDEFG (formate-dependent nitrite reductase) operon is
epressed by the NarL protein in response to nitrate but activated
y the NarL and NarP proteins in response to nitrite. All known
arL and NarP-regulated target operons are also controlled by FNR

n response to anaerobiosis [153,154].

.4. TorCAD regulation

Induction of the torCAD operon is controlled by anaerobiosis

nd trimethylamine-N-oxide in an unusual manner. Anaerobio-
is induces expression but this is not under the control of FNR or
rcA. torCAD expression is also not affected by ModE [74]. Fur-

her, torCAD expression is not subject to the hierarchical control
hereby substrates with higher redox potentials are preferentially
ry Reviews 255 (2011) 1159–1178 1169

induced. This regulation involves a two-component regulatory sys-
tem comprising TorS, an unorthodox membrane-bound histidine
kinase containing three phosphorylation sites and TorR a response
regulator of the OmpR family [155,156]. The torT gene, located
between torS and torR, is the third gene required for torCAD operon
induction. TorT is a periplasmic protein where trimethylamine-N-
oxide binding induces a cascade of conformational changes from
TorT to TorS, leading to TorS activation [157].

In the TorSR system, TorI is a response regulator inhibitor that
interacts with the effector domain of TorR, a region involved in
binding RNA polymerase, without affecting TorR binding to DNA
[158]. As a consequence, TorI limits TorR-mediated recruitment of
RNA polymerase to the torCAD promoter and therefore acts as a
negative regulator.

An additional level of regulation of torCAD is mediated by apo-
TorC [159]. Immature TorC lacking the hemes, cannot interact with
TorA but can interact with the periplasmic domain of TorS inhibit-
ing the TorS kinase and thus negatively regulating expression of
torCAD. This regulation is highly specific to apo-TorC and cannot be
replaced by other immature c-type cytochromes. The regulation
depends on the mono-heme carboxy-terminal domain of TorC and
not on the tetra-heme amino-terminal domain.

4.5. The riboswitch

A new aspect of molybdoenzyme regulation has been the dis-
covery of a highly conserved RNA motif located upstream of genes
encoding Mo transport, Mo cofactor biosynthesis and molybdoen-
zymes in various prokaryotes including ©- and �-proteobacteria,
Clostridia, Actinobacteria as well as DNA from environmental sam-
ples. Riboswitches are ubiquitous in all kingdoms of life and
regulate the expression of many genes involved in catabolism,
anabolism, and the transport of various cellular metabolites [160].
They are often found in the untranslated regions of bacterial mRNAs
where they regulate transcription elongation or initiation of trans-
lation. In E. coli, this RNA aptamer controls the moaABCDE operon
(Moco biosynthesis) in response to cofactor production by bind-
ing Moco. Transcription of moaABCDE is upregulated by FNR and
ModE, but translation of this operon is inhibited when free Moco is
present. This ensures that Moco is synthesized only under condi-
tions of anaerobicity (FNR) and sufficient molybdate (ModE), while
preventing overproduction by binding free Moco. Furthermore,
Moco RNA can discriminate between Moco and the W-containing
analog [161].

5. The catalytic mechanism of molybdoenzymes

The mechanism of most prokaryotic molybdoenzymes is
divided into two half cycles: an oxidative half in which reduced
Mo(IV) binds the substrate and two electrons are transferred from
Mo to the substrate. The second reductive half in which two protons
and two electrons are transferred to Mo yielding H2O and regen-
erating Mo(IV) [2]. While crystal structures for several members
of the xanthine oxidase, sulfite oxidase, and dimethyl sulfoxide
reductase families have provided considerable insight into how
active site architecture dictates substrate specificity and reaction
mechanism, this is still not fully understood [77,94]. In addition to
the importance of conserved active site residues residing in sub-
strate access funnels and binding pockets, atoms ligated to Mo
function as catalytic players by virtue of their position and iden-
tity. For example in xanthine oxidase, a hydroxyl ligand functions

as a nucleophile and is the source of oxygen transfer to substrate,
while a sulfur atom is involved in handling protons [162]. It has
recently been found that Mo ligands may also serve a protective
role, such as the recently detected sulfur atom in the coordination
sphere of DdNapA [93]. Computational investigation suggests that
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his sulfur atom acts in concert with a cysteine from the protein
o form a “pseudo-dithioline” group that protects the coordination
phere from solvent damage [163]. In this model, nitrate binding
ould cause conformational re-arrangement of the active site that
isplaces the pseudo-dithioline. An analogous system may exist

n E. coli nitrate reductase A, where an aspartate ligand has been
bserved coordinating Mo with either one or both of its oxygens
4,46].

The role of the pterin portion of the cofactor and its specific con-
ribution to reaction mechanism is another area of intense study.
t is generally agreed that it primarily functions in metal position-
ng, redox potential modulation via its ring system, and transfer of
lectrons [162].

. The role of molybdoenzymes in bioenergetics

As exemplified above, many prokaryotic molybdoenzymes are
nvolved in the C, S and N cycles. In some cases, functioning of
hese enzymes (Family III only) is part of an anaerobic respira-
ion process (for example, denitrification or anaerobic respiration
f arsenic and selenium oxyanions) (see for reviews [164,165]).
chematically, the electrons released from the oxidation of a
olecule by an electron donating enzyme are then passed via

reely diffusible and lipophilic carriers, quinones, to electron-
ccepting enzymes. The electron transfer occurring throughout
his multi-protein electron transport pathway is then associated
ith the net release of protons in the periplasmic compartment

o generate a transmembrane electrochemical proton gradient or
roton motive force (pmf). Such energetic coupling depends on the

ocation of the active sites of respiratory enzymes. As reviewed
bove, a plethora of different cellular and subunit organizations
xists among prokaryotic molybdoenzymes (Fig. 2) and as such,
heir functioning could either be electrogenic, electroneutral or
ven energy-dissipating. The paradigmatic example of the “redox
oop mechanism” (H+/e− = 2) that derives from coupling two pmf-
enerating enzymes and cycling quinone/quinol between them is
ade up by two CISM enzymes from E. coli: formate dehydrogenase

FdnGHI) and the nitrate reductase (NarGHI) (see Fig. 2C) [4,6,101].
s evidenced recently, in archaea, the nitrate-reducing subunit
arG is periplasmic (pNarG in Fig. 2C), thanks to the presence of
Tat-signal peptide sequence at the N-terminus [166]. Moreover,

he membranous cytochrome b subunit NarI is replaced by a soluble
onomeric b-type one encoded within the operon. Such organiza-

ion is shared by other Family III prokaryotic molybdoenzymes that
unction either as dehydrogenases (ethylbenzene and dimethyl-
ulfide dehydrogenases) or as reductases (selenate and chlorate
eductases). Finally, it has been suggested that nitrate reduction in
he periplasm of archaea is electrogenic due to its association with
quinol-cytochrome c oxidoreductase complex [166]. Recently, it
as been demonstrated biochemically that the same holds true for
he selenate reductase from Thauera selenatis [167]. Examples of
nergy-dissipating molybdoenzymes can be seen with the periplas-
ic and soluble Dor/Tor or Nap enzymes, their roles being to serve

urnover of the quinone/quinol pool to ensure a continuous sup-
ly of oxidized quinone for the quinone-reducing electron input
omponents [168]. Although the structure of several prokaryotic
olybdoenzymes are known, the electron transport chains that
ediate electron transfer between the quinone pool to or from

hese termini are less well resolved and await further studies in
diverse range of prokaryotes.
. Maturation of molybdoenzymes

As reviewed above, prokaryotic molybdoenzymes constitute
large and diverse group of metalloproteins harbouring several
ry Reviews 255 (2011) 1159–1178

metal cofactors (hemes b and c [Fe–S] clusters) in addition to
the Moco (Fig. 2). X-ray crystallographic studies of all known
molybdoenzymes revealed that the Moco is not located at
the surface of the protein but it is buried deeply within the
enzyme and, in some cases, in close proximity to [Fe–S] clusters
[4,6,34,38,82,97,106,131,169–172]. This observation suggests that
Moco insertion is intimately connected to protein folding and sub-
unit assembly.

Another consideration is that once Moco is liberated from the
holoenzyme, it loses Mo and undergoes rapid and irreversible loss
of function due to oxidation. The lability of the cofactor has limited
elucidation of the biosynthesis of Mo-bisPGD and its incorpora-
tion into molybdoenzymes. It has been assumed that there is no
free Moco present in the cell and it is either bound to a carrier
protein that protects and stores Moco until further use or it is
immediately transferred after biosynthesis to the apo-Mo-protein.
Since the availability of sufficient amounts of Moco is essential for
the bacterial cell to meet its changing demand for synthesizing
molybdoenzymes the existence of a Moco-storage protein would
be a good way to buffer supply and demand of Moco. In contrast
to the green alga Chlamydomonas reinhardtii [173] or the plant
Arabidopsis thaliana [174] where Moco-binding proteins shuttle
synthesized Moco from the biosynthetic machinery to the apo-
molybdoenzyme, in E. coli a complex of proteins involved in the
final stages of Moco synthesis is in charge of Moco delivery to dif-
ferent apo-molybdoenzymes [175,176]. This process appears to be
highly intricate and regulated and involves system-specific chap-
erones (see below).

To decipher the Moco incorporation step, several groups
have used in vitro molybdoenzyme reconstitution assays. Com-
pletely defined in vitro systems for studying the mechanism of
Moco insertion were established for dimethyl sulfoxide [177],
trimethylamine-N-oxide reductases [178] and xanthine dehy-
drogenase [179]. However, these systems result in only partial
activation even after several hours of incubation. The limited recon-
stitution is most likely due to the absence or inactivation of several
necessary factors.

As described above the modular organization of many molyb-
doenzymes can involve multiple subunits and can be tethered to
the cytoplasmic membrane often through b- or c-type cytochromes.
The membrane subunits connect the cytoplasmic or periplasmic
redox reactions with electron transport to or from the respiratory
quinone/quinol pool. In addition to the Sec machinery, membrane
insertion may require the help of the accessory protein YidC [180].
These enzymes can form subcomplexes of cytoplasmic subunits in
the absence of the membrane anchoring subunits and these sub-
complexes can retain oxidoreductase activity although this activity
is uncoupled from electron transfer to or from the quinone/quinol
pool. This suggests that the attachment of the enzymes to the
membrane by their membrane anchor subunits is the last step in
complex assembly. Within the prokaryotic cell, successful synthe-
sis and assembly of molybdoenzymes is thus an intricate process
that requires several steps such as the synthesis of the different
subunits in the cytoplasm, their assembly, the incorporation of var-
ious types of metal or organic cofactors and the anchoring of the
complex to the membrane. In the case of periplasmic or outer mem-
brane molybdoenzymes [181], the assembly and metal cofactor
incorporation steps takes place in the cytoplasm prior translocation
across inner membrane via the Tat apparatus [69,71,182]. Impor-
tantly, system-specific chaperones often assist formation of active
molybdoenzymes. In this context, Li et al. [183] reported the inter-

action of the system-specific chaperone DmsD with a number of
general chaperones illustrating their more general participation in
metalloenzyme maturation. Altogether, these system-specific and
general chaperones may function to stabilize the substrates against
mis-folding and proteolysis, such that a certain level of struc-
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ure is acquired before Moco insertion can proceed, as well as to
elp escort Tat substrates to the translocon while preventing early
ngagement with the Tat machinery. Bacterial Tat systems export
olded proteins including [Fe–S] containing proteins, partner sub-
nits of most exported molybdoenzymes but also proofread these
ubstrates. When Tat substrates are misfolded they are subjected to
roteolysis, likely through a Tat-independent process [184–186].
lthough it is most likely that all these events occur in a coordi-
ate fashion to yield a final functional multimeric metalloprotein,

nformation about how this coordination is performed is scarce.
ost of the available information concerns members of the Family

II (dimethyl sulfoxide reductase family) and Family II (XDH) and
ill be extensively described below. Concerning the maturation of

amily I and Family IV enzymes, no enzyme-specific chaperones
ave been reported while the presence of several cofactors within
he catalytic subunit or the periplasmic location of the enzyme
reclude involvement of chaperones (see below).

.1. Maturation of the Family III enzymes

.1.1. The CISM group

.1.1.1. The archetypal NarGHI-NarJ couple. EcNarGHI [96] was
ne of the first molybdoenzymes whose maturation pathway
as intensively studied. EcNarGHI faces the cytoplasm and is a
on-exported membrane-bound complex (c.f. Section 3.4). Initial
iochemical and genetic studies indicated that the NarJ protein
ncoded by the narGHJI operon plays an essential role in nitrate
eductase activity promoting correct assembly of the enzyme com-
lex without being part of the final structure [24]. Based on
hese properties, a role as a private or system-specific chaperone
as proposed [24]. E. coli synthesizes a second nitrate reductase

omplex, the NarZYV isoenzyme, whose maturation involves the
arW protein, a NarJ homologue, that is interchangeable with NarJ

187]. The X-ray structure of a NarJ-like protein from Archaeglobus
ulgidus indicates an all-helical fold (PDB ID code 2o9x) [188], a
eature shared by other bacterial system-specific chaperones such
s DmsD (PDB ID codes: 1s9u, efp, 3cw0) or TorD (PDB ID code
n1c) [189–191], thus forming a new family of chaperones (Pfam
F02613) (Fig. 6).

NarGHI assembly is complex and intricate. Recent progress in
he functions associated with the NarJ chaperone has provided
ignificant insights into this process [109,192]. Two distinct NarJ-
inding sites were mapped on the NarG catalytic subunit, one of
hem corresponding to the N-terminus [193]. NarJ binding to this
egion represents part of a chaperone-mediated quality control
rocess preventing membrane anchoring of the soluble and cyto-
lasmic NarGH complex before all maturation events have been
ompleted. In particular, NarJ ensures complete maturation of the
-type cytochrome NarI by proper timing for membrane anchor-
ng of the cytoplasmic NarGH complex [109]. This process strongly
esembles the “Tat proofreading” of periplasmic metalloproteins,
f which the best-studied example relates to E. coli EcTorA (see
ection 3.3.1) [194]. A similarity between the Tat signal peptides
nd the N-terminus of the non-exported NarG [195] has recently
een examined by Ize et al. [196] who found that a limited num-
er of amino acid substitutions allow the N-terminus of NarG to
irect translocation of fused proteins by the Tat translocon. More-
ver, in archaea and some bacteria, the NarG sequence harbours
typical Tat signal peptide responsible for the periplasmic local-

zation of the NarGH complex [166]. A combination of biophysical
pproaches allowed the basis of recognition between NarJ and

he N-terminus of NarG to be deciphered. NMR structural anal-
sis demonstrated that the N-terminus of NarG adopts a helical
onformation in solution which remains largely unchanged upon
arJ binding [192]. Moreover, NarJ recognizes and binds the helical
arG1–15 peptide within a highly conserved and elongated groove
ry Reviews 255 (2011) 1159–1178 1171

mostly via hydrophobic interactions [25,192]. Isothermal titration
calorimetry and BIAcore experiments support a model whereby the
protonated state of the chaperone controls the time dependence
of peptide interaction [192]. Interestingly, NMR and differential
scanning calorimetry analysis revealed a modification of NarJ con-
formation during complex formation with the NarG1–15 peptide.
Such a structural flexibility of the chaperone appears to be a com-
mon feature of several members of this new family of chaperones
as deduced from the observation of several disordered regions
[188,189,197]. As reported recently, different folding forms of the
EcTorA specific chaperone TorD are associated with different bio-
logical activities [198]. The function of these chaperone proteins
is not restricted to the recognition and binding of the N-terminus
of the nascent metalloprotein, but includes their participation in
metal cofactor insertion processes through additional contacts with
their specific partner.

An undefined NarJ-binding site within the catalytic subunit
NarG is responsible for sequential insertion of the proximal [Fe–S]
cluster (FS0) and of the Mo-bisPGD [109]. Indeed, FS0 inser-
tion must precede Mo-bisPGD insertion as recently confirmed
by X-ray structural analysis of specific mutants of the FS0 coor-
dination sphere [110]. While the lack of Mo-bisPGD does not
preclude FS0 insertion, substitution of cysteine ligands of the
FS0 cluster or the absence of NarJ prevents insertion both of
FS0 and of Mo-bisPGD [105,110,120]. The exact function of NarJ
in this process is unclear. Nevertheless, NarJ is an indispensable
component of the Mo-bisPGD insertional process in authoriz-
ing the interaction of apoNarGH with a complex made up of
several cofactor biosynthetic proteins in charge of Mo-bisPGD
delivery [176].

In the absence of NarJ, a global defect in metal incorporation
into NarGHI is observed. In addition to both metal cofactors of the
catalytic subunit NarG, the proximal heme bP is absent due to loss
of coordination between maturation of the NarI and NarGH com-
ponents [109]. Finally, the absence of NarJ did not appear to affect
the stability or the cellular distribution of the apoenzyme which
remains largely associated to the cytoplasmic membrane [23,193].
An explanation may derive from the analysis of the apoNarGHI
structures lacking either the Mo-bisPGD (PDB ID code 1siw) [105]
or both FS0 and Mo-bisPGD (PDB ID code 3ir6) [110]. In both
cases, GDP moieties can be inserted into positions corresponding
to GDP-P and GDP-D, thus conferring a relative structural stability
of the enzymatic complex [105,110]. Such a situation has also been
encountered in the case of the CO dehydrogenase from H. pseud-
oflava expressed from tungstate-grown cells [199] or in the case
of the RhDorA protein heterologously expressed in a Mo-bisPGD
deficient E. coli strain [177]. One could envision that the chap-
erone either catalyzes the rapid exchange of the nucleotides for
Mo-bisPGD or prevent nucleotide insertion through direct con-
tacts with the metalloenzyme. Protonation of a specific residue
of NarJ increases the affinity towards the N-terminus of NarG, in
particular via the lifespan of the complex [192]. A tentative model
for the physiological NarJ chaperone cycle can be deduced from
these data and initiates with the rapid binding of the N-terminus of
NarG by the protonated chaperone at high affinity (Kd ∼ 3 nM) fol-
lowed by its release by a deprotonated chaperone at lower affinity
(Kd ∼ 0.1 �M) and reduced lifespan once cofactor loading and pro-
tein folding are complete. The nature of the signal that may trigger
dissociation of the complex remains unclear; however, prelimi-
nary results from structural analysis of the apo-Mo-NarGH complex
produced in the absence of NarJ are consistent with a substan-

tial conformational change of NarG allowing access to the interior
of the protein to metal cofactors (A. Magalon, unpublished data).
Structural modifications associated with metal cofactor insertion
within NarG may thus be responsible for NarJ dissociation from the
N-terminus.
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Fig. 6. Structure of different molybdoenzyme-specific chaperones. (A) NarJ from Archaeoglobus fulgidus (PDB ID code 2o9x) [188]. (B) DmsD from Escherichia coli (PDB
I 1c) [1
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D code 3EFP) [203]. (C) TorD monomer from Shewanella massilia (PDB ID code 1n
esulfotalea psychrophila (PDB ID code 2pw9). (F) FdhE from Pseudomonas aerugino
eposited coordinates from the protein structure database (http://www.pdb.org). T

n yellow. A sulfate is co-crystallized with FdhD (green cross at the center of the dim
Altogether, these data demonstrated that NarJ orchestrates
etal cofactor insertion, subunit assembly, and membrane-

nchoring steps during the maturation of the NarGHI complex
Fig. 7). NarJ proofreads metal center insertion within the catalytic
ubunit prior to membrane anchoring through binding to a remnant

ig. 7. Biogenesis model of the E. coli nitrate reductase A (NarGHI) complex. NarG and Nar
f the complex. NarI maturation takes place in the inner membrane where the two b-typ
ikely inserted in the NarH subunit co-translationally through the action of one of the [Fe
his complex intermediate is specifically targeted by the enzyme-specific chaperone NarJ y
f NarG (ptat) that is strongly related to a Tat signal peptide and as such, avoids prematu
econd site allows sequential insertion of the [4Fe–4S] cluster, FS0 and of the Mo-bisPGD
arGH dimer upon insertion of the metal centers is likely responsible for NarJ dissociatio
89]. (D) NapD from Escherichia coli (PDB ID code 2jsx) [219]. (E) FdhD dimer from
B ID code 2fiy). Individual figures were generated with PYMOL [256] by using the

teins are represented in cartoon with �-helices colored in red and �-sheets colored
hile two iron atoms are coordinated by FdhE (represented by green spheres).
Tat signal peptide. The underlying mechanism described herein is
comparable to the one which occurs during translocation of Tat sub-
strates. Importantly, it can be inferred from comparison with other
multimeric molybdoenzymes that the multiple functions played
by NarJ in the biogenesis process of the nitrate reductase complex

H constitute the catalytic dimer, while NarI is the b-type membrane anchor subunit
e bD and bP hemes are sequentially inserted. [3Fe–4S] and 3x [4Fe–4S] clusters are
–S] biosynthetic machineries followed by the formation of an apoNarGH complex.
ielding a [NarJ–apoNarGH] maturation complex. NarJ interacts with the N-terminal

re membrane anchoring of the immature apoNarGH complex. NarJ interaction to a
cofactor within the catalytic subunit NarG. Conformational changes of the catalytic
n and membrane binding of the mature NarGH complex.

http://www.pdb.org/
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Fig. 8. The four functions of enzyme-specific chaperones. Chaperones fulfil (as referenced) or are predicted to fulfil one or several functions in prokaryotic molybdoenzymes
maturation. (1) Tat signal peptide binding refers to interaction of the chaperone with the Tat signal peptide or to a strongly apparented one (indicated with an asterisk). (2)
[Fe–S] insertion refers to requirement of the chaperone for [Fe–S] cluster insertion within the Moco-containing catalytic subunit. (3) Molybdenum cofactor binding refers
t (4) M
s on ref
f lenatis
c

w
l
o
t
t
e
p
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h

o the ability of the chaperone to bind and deliver Moco to the molybdoenzyme.
ulfurate Moco prior its insertion within the molybdoenzyme. (5) Unknown functi
unction. E. coli, Escherichia coli; R. sulphidophilum, Rhodovulum sulphidophilum; T. se
apsulatus; P. putida, Pseudomonas putida.

ill be extended to other related systems (Fig. 8). Indeed, the phy-
ogenetic tree from sequence comparison of the catalytic subunit
f all known archaeal and bacterial molybdoenzymes belonging
o the dimethyl sulfoxide reductase family indicates that all con-
ain a [Fe–S] cluster in close proximity to the Mo-bisPGD with the
xception of a small clade including DorA/TorA/BisC enzymes only

resent in proteobacteria [35]. This taxonomic distribution indi-
ates that the entire group of DorA/TorA/BisC enzymes arose at
late stage on the microbial evolutionary timescale. Accordingly,

heir enzyme-specific chaperones (with TorD as prototype) may
ave lost the function associated with the strict requirement in FS0
olybdenum cofactor sulfuration refers to the ability of the chaperone to bind and
ers to chaperones for which not sufficient data is available to ascertain their exact
, Thauera selenatis; I. Dechloratans, Ideonella dechloratans; R. capsulatus, Rhodobacter

insertion prior to Mo-bisPGD as seen in NarJ. Alternatively, folding
and assembly of those molybdoenzymes containing both a [Fe–S]
cluster and a Mo-bisPGD in their catalytic subunit may rely on the
functions of system specific chaperones with NarJ as a prototype.

7.1.1.2. The periplasmic CISM. EcDmsABC and EcFdnGHI, two

periplasmically oriented and membrane-bound heterotrimeric
complexes share strong similarities in terms of subunit and redox
cofactor composition with the nitrate reductase complex (Fig. 2C)
and may follow the same folding and assembly pathways and be
assisted by a system-specific chaperone sharing functional simi-
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arities to NarJ. Oresnik et al. reported that DmsD is essential for
he assembly of a fully active DmsABC complex [200]. The dmsD
ene (formerly ynfI) is part of the ynf operon encoding putative Tat-
argeted selenate reductases [69,201]. Interestingly, DmsD ensures
he folding and assembly of both the DmsABC and the two puta-
ive selenate reductases which contrasts with the usual exquisite
pecificity displayed by the so-called system-specific chaperones
201,202]. The strong sequence similarity of the corresponding
atalytic subunits may explain such behaviour. X-ray structural
nalysis of DmsD from E. coli (PDB ID codes 3efp and 3cw0)
191,203] and S. typhimurium (PDB ID code 1s9u) [190] indicate
n all-helical architecture as in NarJ and TorD. DmsD displays a
tructural plasticity as revealed by the existence of different fold-
ng forms [197] or of a disordered loop in the X-ray data [190].
urther, DmsD was isolated as a protein binding the Tat signal pep-
ide of DmsA [200] and its ability to interact with two components
f the Tat translocase, namely TatB and TatC located in the inner
embrane, suggests a role in delivering the DmsAB substrate to

he TatBC receptor complex [204,205]. More recently DmsD has
een shown to interact with general chaperones and with sev-
ral Moco biosynthesis proteins extending its interactome [183].
ombining random and site-directed mutagenesis on E. coli DmsD,
pocket of surface residues important for signal peptide binding
as modelled [206]. This putative signal peptide binding site is
ade up of sections of three conserved loops and is predominantly

ydrophobic [203]. Microcalorimetric analysis of peptide binding
y either NarJ, DmsD or TorD chaperones provide further support to
he hydrophobic character of the interaction [192,197,207]. Dock-
ng calculations with the solved structure of the N-terminus of NarG
oints towards a highly conserved and elongated hydrophobic
roove in NarJ which partly overlaps with the hot pocket mentioned
bove [192]. Finally, deletion of the DmsA signal peptide results in
he formation of a less stable but soluble and cytoplasmically active
msAB complex [68]. Accordingly, the DmsA variant has likely ben-
fited from the action of DmsD to a second unidentified binding
ite. Concerted action of DmsD on both the signal peptide and most
ikely to a second site of the DmsA protein, in the same way as NarJ,
s thus required for productive synthesis of DmsABC. Detailed anal-
sis of the metal cofactors insertion step driven by DmsD is yet to
e fully understood.

A number of periplasmic or periplasmically oriented multimeric
olybdo-enzymes of the dimethyl sulfoxide reductase family have

een genetically or biochemically characterized in different bacte-
ia or archaea such as the selenate [208], nitrate [166], chlorate
83] or perchlorate [86] reductases and the ethylbenzene [209]
r dimethylsulfide [85] dehydrogenases. Considering their relat-
dness to the NarGHI or DmsABC complexes and the existence of
n additional gene encoding for a NarJ/TorD/DmsD-like chaperone
rotein in the corresponding operons, it is tempting to speculate
hat folding and assembly of these molybdoenzymes will follow the
ame trend (Fig. 8). Exceptions are the periplasmic and multimeric
rsenite oxidase (Aox), polysulfide (Psr) and arsenate reductase
Aro) enzymes which do not possess in their respective oper-
ns an additional gene encoding for a system-specific chaperone
165,210]. However, the presence of a Tat signal peptide and of a
Fe–S] cluster together with the Mo-bisPGD in the catalytic sub-
nit supports the hypothesis that their maturation pathway will
eed assistance by an as yet unidentified system-specific chaperone
hich may be located elsewhere in the genome.

E. coli synthesizes three formate dehydrogenase isoenzymes.
wo of these, are periplasmically oriented membrane-bound res-

iratory complexes, namely, the nitrate-inducible FdnGHI and the
onstitutively expressed cryptic FdoGHI [6,211]. Typical Tat sig-
al peptides are present on the FdnG and FdoG catalytic subunits.
he third isoenzyme, composed of a single cytoplasmic subunit
FdhF), is part of the formate hydrogenlyase complex [38,212].
ry Reviews 255 (2011) 1159–1178

All three isoenzymes harbor a [4Fe–4S] cluster in addition to the
Mo-bisPGD cofactor in their catalytic subunit. Genetic studies have
demonstrated that both fdhD and fdhE genes, located astride the fdo
operon, are involved in the formation of active formate dehydroge-
nase enzymes, fdhE being restricted to periplasmic ones [213–216].
Interestingly, FdhD and FdhE do not share any structural similarity
with other system-specific chaperones such as NarJ/TorD/DmsD.
FdhD contains several cysteine residues and displays a mostly
helical architecture [195] as confirmed by the resolution of the crys-
tal structure of FdhD from Desulfotalea psychrophila (PDB ID code
2pw9). FdhE is an iron-binding rubredoxin which possesses four
conserved CX2C motifs essential both for FdhE stability and biolog-
ical function [217]. As disclosed by the crystal structure at 2.1 Å of
FdhE from Pseudomonas aeruginosa PAO1 (PDB ID code 2fiy), each
two pairs of CX2C motifs located in disordered loops coordinate
an iron atom with an as yet unclear role. Interestingly, FdhE inter-
acts both with the FdnG and FdoG catalytic subunits [217] while
FdhD interacts with the cysteine desulfurase IscS, a key player in
[Fe–S] cluster biosynthesis or selenocysteine incorporation within
the catalytic subunit of formate dehydrogenases [218]. Neverthe-
less, the biological functions associated with both FdhD and FdhE
in the formation of active formate dehydrogenases remain unclear
and await further studies.

As in the case of the E. coli formate dehydrogenases, folding and
assembly of the periplasmic nitrate reductase (NapAB) involves two
cytoplasmic proteins, NapD and NapF, which do not display any
sequence or structure similarity with other system-specific chap-
erones. Maillard et al. [219] reported that E. coli NapD displayed
a ferredoxin-type fold and is involved in Tat signal peptide bind-
ing [219], NapF interacts directly with the catalytic subunit NapA,
and may be involved in NapA folding and assembly prior to export
via the Tat translocon [220]. R. sphaeroides NapF harbours four
conserved tetra-cysteine motifs coordinating labile [Fe–S] clusters
supporting its involvement in [Fe–S] cluster insertion within the
catalytic subunit NapA. This provides further evidence of an active
role of NapF in metal center insertion [221]. Recently, Kern and
Simon reported that a napF knockout mutant accumulates the inac-
tive cytoplasmic NapA precursor in Wolinella succinogenes [222].
However, there are many examples of organisms that lack napF
such as Campylobacter species. One may envision that the napF gene
has been lost during evolution if it is functionally redundant in the
cell.

7.1.2. Family III enzymes with only a Mo-bisPGD cofactor: the
archetypal TorA-TorD couple

While biogenesis of multimeric molybdoenzymes harbouring a
[Fe–S] cluster and a Mo-bisPGD in the catalytic subunit appears to
be intricate and requires a system-specific chaperone, what is the
situation in those monomeric molybdoenzymes (TorA/DorA/BisC)
harbouring Mo-bisPGD as sole prosthetic group? Among them,
BisC is the unique non-exported molybdoenzyme and it is unclear
whether Moco insertion is assisted by a system-specific chaperone.
Conversely, formation of an active and periplasmically localized
TorA/DorA enzyme relies on the action of system-specific chaper-
ones.

In E. coli, reduction of trimethylamine-N-oxide is primarily cat-
alyzed by expression of the inducible torCAD operon [65,223]. The
terminal reductase, TorA, is a periplasmic molybdoenzyme har-
bouring Mo-bisPGD as the sole prosthetic group [78]. The last gene
of the tor operon, torD, encodes a cytoplasmic private chaperone of
TorA. Pommier et al. [224] reported that, in a torD knockout mutant,

the activity and stability of a correctly localized TorA is strongly
affected. Furthermore, the remaining enzyme is fully degraded
under thermal stress conditions, Moco deficiency or molybde-
num starvation [225]. Instability of the apo-molybdoenzyme is
also observed with Rhodobacter capsulatus DorA, in the absence
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f the system-specific chaperone DorD [226]. These observations
iffer markedly from the multimeric nitrate reductase where the
bsence of the NarJ chaperone does not significantly affect the sta-
ility and the cellular localization of the enzyme complex [23,193].
n explanation can be provided by the initial formation of a stable
po-Mo-NarGH complex prior to the action of NarJ compared to the
onomeric DorA/TorA enzymes. Interestingly, the TorD chaperone

rom S. massilia forms multiple and stable oligomeric species and
as been crystallized as a dimer with domain swapping between
he two monomers having an all-helical fold (PDB ID code 1n1c)
189,227].

As in the case of NarJ, TorD interacts on two distinct sites of
he TorA enzyme, one of them being the twin-arginine signal pep-
ide located at the N-terminus [207,228]. This property is a general
rinciple for this new class of chaperones (Pfam PF02613). Consid-
ring the periplasmic location of the TorA enzyme and the fact that
oco incorporation is a strictly cytoplasmic event, it is important

hat export is prevented until all assembly processes are com-
lete. One of the mechanisms that ensures proper coordination
etween cofactor insertion and export is based on the ability of
he chaperone to shield the signal peptide from interaction with
he Tat translocase until Moco insertion [194]. This mechanism is
eminiscent of the protection of the N-terminus of NarG by NarJ
o allow proper timing for membrane anchoring of the soluble
arGH [109,193]. Interestingly, while TorD has a weak affinity for
TP (Kd ∼ 370 �M) which is enhanced by signal peptide binding

207], only the dimeric form displays a low intrinsic magnesium
ependent GTP hydrolysis activity despite the absence of classical
ucleotide-binding motifs [198]. The role of nucleotide binding or
ydrolysis in modulating the interaction between the signal pep-
ide and TorD remains unclear. Alternatively, Genest et al. reported
orA signal peptide protection by TorD regardless of the presence
f Moco and or the Tat translocase [229]. At this stage, it is not clear
hether TorD binding to the signal peptide monitors the folding

nd assembly of the substrate, or alternatively, retards the export
inetics sufficiently to allow completion of the Moco insertion pro-
ess.

A second TorD-binding site was established on the core of the
orA enzyme and is responsible for a conformational change of the
atter [224]. Using an in vitro system, Ilbert et al. [178,230] demon-
trated that Mo-bisPGD insertion within apo-TorA is strongly
acilitated by the presence of TorD and that deletion of the sig-
al peptide has no significant effect as judged by TorA activity.
xquisite specificity is observed during this process as none of the
orD homologs can replace it. Binding to the core of TorA appears
o be necessary for maturation and is mediated by helix 5 of TorD
228]. Recently, TorD was shown to interact with Moco biosynthe-
is components, including MobA, and Mo-PPT [228]. The authors
uggest that TorD, while being dispensable, acts as a platform con-
ecting the last step of the synthesis of the Mo-bisPGD just before

ts insertion into the catalytic site of TorA. The immediate question
aised by these observations is whether this role is shared by other
ystem specific chaperones. In the case of NarJ, a strict requirement
f the chaperone has been observed for FS0 insertion within the
atalytic subunit, a step that must precede Mo-bisPGD insertion, a
lear distinction from TorD. Nevertheless, it cannot be discounted
hat upon FS0 insertion, NarJ has an active role in facilitating Moco
nsertion. An answer to this question awaits further studies.

.2. Maturation of Family II enzymes
A clear distinction between the sulfite oxidases (Family IV) and
anthine dehydrogenases (Family II) is the presence of a sulfur atom
n the Mo coordination sphere in the latter (see Section 3.2). A
onserved post-translational mechanism from bacteria to eukary-
tes for Moco sulfuration has been studied in detail during the last
ry Reviews 255 (2011) 1159–1178 1175

decade where a Moco-binding protein through direct interaction
with a cysteine desulfurase, ensures both the sulfuration step of
the cofactor and its protected transfer to the apo-molybdoenzymes.
While in eukaryotes the two components are fused into a sin-
gle polypeptide, also called Moco sulfurase [231], this is not the
case in prokaryotes where a system-specific chaperone is oper-
ating together with a cysteine desulfurase [179,232]. While the
sequence analysis of archaeal genomes indicate the presence of
xanthine dehydrogenase, the mechanism of Moco sulfuration has
not yet been studied.

We will review the incorporation of sulfurated Mo-PPT by using
the best-studied system, the Rhodobacter capsulatus xanthine dehy-
drogenase. This enzyme consists of a cytoplasmic heterodimeric
complex (�2�2) that catalyzes the hydroxylation of hypoxan-
thine and xanthine, the last two steps in purine degradation [39].
The XdhA subunit contains two [2Fe–2S] clusters in addition to
FAD, while the XdhB subunit binds Mo-PPT [59] as confirmed by
the crystal structure [44]. Functional synthesis of the R. capsu-
latus XdhAB complex requires the presence of a system-specific
chaperone, XdhC, encoded by the xdhABC operon which entails
binding of Mo-PPT and its insertion into the XdhB subunit [233].
In that sense, XdhC differs considerably from the above-mentioned
system-specific chaperones for Mo-bisPGD containing enzymes
(Family III) as it does not proofread its metalloenzyme substrate.
XdhC specifically promotes the sulfuration of Moco by interaction
with a cysteine desulfurase, which transfers the sulfur to Moco
bound to XdhC, an oxygen-sensitive process [179,232]. In this con-
text, XdhC was shown in vitro to tightly bind PPT in stoichiometric
amounts and, as such, protects the sulfurated form of PPT from
oxidation before its transfer into apoXdhAB through a direct pro-
tein interaction with the catalytic subunit XdhB [179]. Importantly,
to prevent all available Moco in the cell from being converted to
Mo-bisPGD and to guarantee a Mo-PPT supply for XdhAB, XdhC
interacts with MoeA and MobA proteins involved in the final stages
of Moco synthesis. Whereas interaction with MoeA allows Moco
transfer to XdhC, its interaction with MobA, in charge of nucleotide
addition to the PPT moiety, prevents the binding of Moco to the
latter simultaneously inhibiting PGD formation [232]. Considering
the structure of the heterotetrameric enzyme and the presence of
three different metal centers, biochemical and biophysical stud-
ies revealed that assembly of XdhAB is a multistep process which
occurs in an ordered manner. It involves the synthesis and interac-
tion of both subunits, followed by [Fe–S] cluster and FAD insertion
within XdhA, dimerization of the XdhAB complex, and finally, inser-
tion of sulfurated Moco into XdhB, resulting in an active enzyme
[234]. Such a model is reminiscent of the nitrate reductase com-
plex where formation of a [Fe–S] clusters loaded NarGH complex
should precede Moco insertion [109]. A notable difference is that
XdhC plays no active role in orchestrating this assembly process in
contrast with NarJ.

8. Future perspectives

As detailed in this review, the last decade has seen enormous
progress in our understanding of the structure, function and mat-
uration of molybdoenzymes. This has resulted from the growing
success of membrane protein crystallography together with the
application of sophisticated genetic, biophysical, biochemical and
bioinformatical methodologies. However, most of the data concen-
trate on the Families II and III which represent to date the largest

groups of prokaryotic molybdoenzymes. Many significant ques-
tions remain to be elucidated.

1. Why do most prokaryotic molydoenzymes have a bis-pterin
cofactor? This is a complex and expensive (in terms of cellular
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metabolism) cofactor to synthesize. Do the P and D pterins serve
different roles in catalysis?

. Members of the CISM group of enzymes (e.g. dimethyl sulfoxide
reductase and nitrate reductase) have a very low potential clus-
ter as an essential member of the electron transfer relay. Does
this cluster serve a role in modulating catalysis?

. How does the active site architecture determine substrate speci-
ficity, enzyme reactivity and stereochemistry? Considering the
heterogeneity of the active site observed by EPR spectroscopy,
more efforts must be put to identify the corresponding structures
by means of DFT calculations for instance.

. What is the detailed mechanism of Moco insertion into target
enzymes? In this context, what is the exact function played by
the dedicated chaperone or the rational behind their systemic
occurrence for some molybdoenzymes such as NarGHI?

. How can the several distinct functions for those dedicated chap-
erones, with only a single X-ray crystal structure, be reconciled?

. Does the assembly of all prokaryotic molybdoenzymes require
the action of a dedicated chaperone? The same holds for
eukaryotic counterparts whose assembly is poorly understood.
Extending the maturation studies to members of other fami-
lies is thus required to get an overall view and to draw general
principles which would govern assembly of prokaryotic molyb-
doenzymes.

. X-ray data revealed an oligomeric organization of respiratory
molybdoenzymes in several cases and formation of super-
complexes is proposed. How such quaternary organization of
the enzymatic complexes is regulated by the bacterial cell in
response to metabolic demand or changing environments?

. The explosion of genome sequencing projects has identified
several yet uncharacterized molybdoenzymes which may cat-
alyze unique chemical transformations that may prove useful
in synthetic biology applications. Furthermore, genomic data
combined to in-depth phylogenetic and biochemical analyses
of molybdoenzymes and of their dedicated chaperones (when
known) could provide a clear-cut evolutionary scheme that in
turn will not only favourably complement the structural work
done on enzymes to define the evolutionary diversification of
the entire family but also allow better understanding of assembly
processes.
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